I. MOTIVATION: TACKLING OPEN QUESTIONS REQUIRES NEW MEASUREMENT CAPABILITIES
Single-molecule microscopy techniques have generated many new insights into the microscopic rules governing a wide range of systems in biology, 2-5 materials science, 6, 7 chemistry, 8, 9 and medicine. 7, 10 In vitro single-molecule spectroscopy has enabled researchers to visualize the dynamics, conformational states, and multi-species interactions characterizing a wide range of systems, yielding mechanistic insights which were previously inaccessible using ensembleaveraged measurement techniques. In the field of biophysics, for example, single-molecule microscopy has uniquely identified and characterized transient components of a number of biological pathways. [2] [3] [4] [5] While single-molecule fluorescence imaging is key to modern microscopy, it nevertheless faces several challenges when probing systems with weak or cooperative molecular interactions and slow dynamics. 1 This is especially true when at least one molecular species is required to be at micromolar or higher concentrations. The majority of single-molecule microscopy measurements are currently performed using either total internal reflection (TIRF) or confocal imaging. In both cases, the size of the detection volume limits the range of molecular concentrations and diffusion-limited observation periods. Confocal and TIRF imaging are limited to 10 nM and 100 nM reagent concentrations, respectively, which corresponds to one molecule per detection volume. 1 The consequences of these bounds are immediately obvious when considering the study of systems such as myosin, the motor a) sabrina.leslie@mcgill.ca. URL: http://www.physics.mcgill.ca/leslielab/.
proteins responsible for motility in eukaryotic cells. While these proteins have been studied extensively, the chemomechanical coupling mechanisms by which the proteins refuel and process along actin substrates remain unresolved. In order to operate at physiological rates, Myosin requires micromolar solutions of adenosine triphosphate (ATP) which transfers energy to the protein. Visualizing individual binding events at such high concentration (e.g., of fluorescently labeled ATP), in conjunction with myosin procession, remains a challenge. 11 In order for many open questions such as these to be tackled, there is a compelling need for microscopy tools with new measurement capabilities. While attempts in this direction have been made, all are subject to certain limitations. For example, zero mode waveguides can be used to probe systems with reagent concentrations up to 50 μM by constraining the excitation field to within sub-micrometer sized chambers; 12 however, disadvantages of this technique include its need for sophisticated fabrication facilities and surfacetreatment protocols which complicate the transfer of this technology to research laboratories. 11 Enclosing molecules within lipid vesicles is another approach to extend single-molecule microscopy to micromolar reagent concentrations; 13, 14 however, the vesicle-imposed imaging volume can be incompatible with extended molecular substrates such as actin filaments, and makes sample-exchange challenging.
Visualizing extended molecular search trajectories in solution presents yet another outstanding challenge to existing microscopy techniques. 15, 16 For example, during DNA repair, proteins must diffusively search for and identify break sites on topologically complex DNA in a matter of seconds. Theoretical models of "facilitated diffusion" predict that in order to optimize search-efficiency protein molecules alternate between diffusing in solution (in three dimensions), and along a DNA substrate (in one dimension). Testing these models requires interrogating freely diffusing single-molecules for time periods ranging from seconds to minutes. Again, the standard in vitro single molecule imaging techniques of confocal and TIRF microscopy are incapable of these types of investigations using physiological DNA. They typically achieve diffusion-limited observation periods of hundreds of microseconds to milliseconds, corresponding to the time for a freely diffusing protein to exit the detection volume (assuming diffusion coefficients of D ∼ 100 μm 2 s −1 ).
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In an attempt to extend observation periods, a wide range of studies have elected to use surface-immobilize molecules. For example, most experimental studies of protein-DNA searches have been performed using TIRF microscopy in conjunction with surface-immobilized DNA molecules, to which a flow field is often applied. 15 However, surfaceimmobilization or applied flow can constrain the observed range of molecular conformations and affect molecular activity. 3, 17 For example, the superhelicity-driven dynamics of physiological DNA, which govern local unwinding of promoter sites to which transcription factors bind, 18 would not be reflected in typical molecular search experiments performed using linear DNA.
II. CONVEX LENS-INDUCED CONFINEMENT (CLIC) MICROSCOPY
To overcome limitations of existing single-molecule microscopy approaches, we have developed an imaging technique called Convex Lens-Induced Confinement (CLIC). 1 CLIC imaging is based on a simple principle: to confine molecules to a thin chamber which is formed by bringing a top curved surface into contact with a bottom planar surface. This approach offers a number of advantages.
Confining molecules within a thin chamber reduces the detection volume and thus allows samples with higher reagent concentrations to be used for single molecule studies. The small detection volume offers the dual advantages of suppressing background fluorescence and extending the observation times of freely diffusing molecules. For instance, the trajectories of small proteins (D ∼ 100 μm 2 /s) confined within the focal plane can be tracked for tens of seconds within a 100 × 100 μm 2 field of view. CLIC has previously been used to extend single-molecule imaging to micromolar reagent concentrations using chamber heights as small as ∼5 nm. 1 When recently applied to the procession of myosin motor proteins on actin filaments, CLIC has achieved at least fivefold-enhanced background-rejection in comparison to TIRF imaging (using sufficiently tall chambers so as not to influence physiological procession rates on substrates tens-ofnanometers thick).
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In addition to dramatically improving imaging conditions, the CLIC device's graduated confinement profile (which typically varies by tens of nanometers in height over hundreds of micrometers) allows for the microscopy of molecular dynamics and interactions as a function of applied confinement. Further, the size-dependent exclusion of molecules from a graduated chamber facilitates imaging a wide range of molecular topologies, and provides a quick approach to measuring the relative size distribution of small molecules. 1 Previously published CLIC imaging devices emphasized ease-of-implementation by using catalogue-accessible components and simple, custom-machined parts. 1, 11 These handoperated and low-budget instruments succeeded in improving single-molecule imaging; however, they were not optimized for precise, reproducible, and high-throughput measurements of multiple samples. The rest of this paper outlines technical advances in CLIC imaging which markedly expands its precision, versatility, and practicality.
III. CONCEPTION OF A PRECISION CLIC PLATFORM
Here we present a modular, robust instrument which converts an ordinary inverted fluorescence microscope into a precise single-molecule spectroscopy station suitable for high-throughput measurements in biology, chemistry, materials science, and medicine. Its design, shown by Figs. 1(a) and 2, and 3, augments prior CLIC technology by using nanopositioning stages to achieve precise and reproducible chamber formation, and by using microfluidics to achieve serial sample insertion and recovery.
CLIC imaging is most conveniently implemented using a flow cell ( Fig. 1(b) ), which is typically constructed from two coverslips separated by double-sided adhesive (30 μm thick, Nitto Denko No.5603). The adhesive is laser-etched with flow-channels through which liquid can enter the central imaging chamber (by Peter Shaw, PBS Engraving). The flow cell sits within a square recess embedded in the top surface of a custom sample plate, whose bottom surface contains a conical recess designed to accept the objective.
The use of flow cell offers several advantages compared to the original lens-coverslip implementation: reproducible and temporally controlled sample insertion, no evaporation, no exposure of the sample to ambient gases, complete sample exchange between serial measurements, compatibility with lithography or chemical functionalization of the confining surfaces, reduced sample volume (6 μl per chamber; 14 μl/ft per injection tube), and a sample chamber which is potentially composed of common disposable parts (e.g., glass coverslips). Importantly, this implementation aims to facilitate incorporation of the CLIC technique into a wide array of experiments. Flow cells are currently a staple of most singlemolecule microscopy and biology laboratories: thus existing surface-treatment and sample preparation steps need not be altered when implementing CLIC imaging hardware.
A. Mechanical control of the chamber geometry
To form the imaging chamber geometry, the "push-lens" presses into the top coverslip, causing it to deform ( Fig. 1(c) ). The top surface curves downward until it comes into contact with the bottom planar coverslip surface at a single point. The optical-grade, fused silica surfaces (ESCO Products) ensure minimal auto-fluorescence and provide ∼2 nm surface separation at contact due to the inherent surface roughness (verified using atomic force microscopy). 1 The chamber height, which is defined as the separation between the confining (top and bottom coverslip) surfaces, increases very gradually away from this contact point, e.g, by ∼10 nm over a ∼100 μm field of view.
The driving force of the push-lens is generated by a piezoelectric Z-actuator which has 250 μm of travel (PI P-725 PIFOC). This actuator has 0.3 nm resolution over this range, delivering sensitivity for nanoscale spectroscopy. The piezo is supported by custom housing depicted in Fig accepts a lockable lens tube (Thorlabs SM1ZM, 4 mm lengthadjustment) to hold the push-lens (e.g., Thorlabs LA4966, LA4765, or LA4600).
The flow cell chamber is centered with respect to the push-lens using a micrometer-driven XY stage (MadCity Labs, custom-design, with 2 mm of travel and ∼0.1 μm resolution). This ensures that the resulting chamber geometry is symmetric. Additionally, this stage can be used to align features on the coverslip surface with respect to the push-lens. For alignment applications which require nanometer precision, an XY piezo nano-positioning stage (P-733, 100 μm travel) can be exchanged for the micrometer-stage which was deliberately designed with the same dimensions. 
B. Temporal control of sample insertion and recovery
The sample is injected into the flow cell (prior to lowering the push-lens) using a custom microfluidics system and computer-controlled syringe-pumps (New Era NE-500). Samples are initially loaded into micro syringes (100 μl, Luer-Tip, Cole Parmer RK-07938-23) using blunt stainless steel needles (1/2 in., 30 Gauge Luer Polypropylene Hub, Amazon Supply B0013IZT9K). Chemically inert polytetrafluoroethylene (PTFE) tubing (ID 0.01 in., OD 0.0625 in., IDEX Health and Science 1527) connects these outlets to small holes (1/32 in. diameter) which are sand-blasted into the corners of the top surface of the microscopy chamber ( Fig. 1(b) ). A thick PDMS (polydimethylsiloxane) gasket (∼6 mm thick) creates a seal between the tubing and the top surface, and an acrylic block presses downward upon the PDMS gasket to maintain this seal (Fig. 2) . The ability to programmatically insert and recover samples is key to performing high-throughput and temporally resolved measurements of dynamics and interactions.
C. Lens-coverslip implementation
A second implementation of this microscopy device, called "lens-coverslip CLIC," employs the push-lens as the top curved surface of the final imaging chamber.
1 Two distinguishing features of this approach are: (1) using precharacterized curved chamber-surfaces and (2) allowing the top and bottom chamber-surfaces to be translated with respect to one another.
To implement lens-coverslip CLIC using the device in Fig. 1 , the top surface of the flow cell is modified by sandblasting a central aperture. The aperture-diameter is sufficiently large to accept the apex of the push-lens. The pushlens is lowered through the aperture, into direct contact with the bottom coverslip.
Due to this aperture in the top coverslip, the sample is exposed to ambient conditions. To help prevent evaporation and reduce photo-damage of the sample caused by photobleaching (which is enhanced by oxygen in solution), the chamber is filled with humidified nitrogen prior to sample insertion using the inlets and outlets in Fig. 1 .
It is desirable to use different contact locations on the lens surface for independent experiments. Figure 1(d) demonstrates a mechanism by which the lens can be raised and rotated between experiments. For convenience and reproducibility, the rotation-pivot (a 3/16 in. diameter stainless steel shaft) is positioned a distance above the lens surface approximately equal to the lens' radius of curvature; thus, the XY location of the contact point on the bottom coverslip does not change significantly when the lens is re-lowered into contact. Disadvantages of the current lens-coverslip CLIC design include the need to clean lenses, sample-exposure, and imperfect sample-exchange. Custom-molded PDMS gaskets which surround the top-coverslip aperture (designed to receive the lens and contain excess sample volume) improve the lenscoverslip seal, and are a subject of current improvement.
IV. SIMULATIONS OF THE CLIC IMAGING CHAMBER
Seeking to use this microscopy platform to perform new kinds of experiments (e.g., confinement-spectroscopy of protein folding in nanoscale chambers), which demand increasing control over the applied confinement and confinement-gradient, requires a quantitative understanding of the imaging chamber geometry. Developing a predictive model for the CLIC chamber (Fig. 4(a) ) equips researchers with quantitative measures of key microscopy parameters (e.g., chamber radii of curvature) as a function of readily available instrument components. This knowledge aids and optimizes translation of this technology to a wider range of experiments.
To model the imaging chamber geometry, the deformation of a flow cell by the push-lens was simulated using COMSOL Multiphysics 4.3b as a function of accessible device parameters, including adhesive thickness, coverslip thicknesses, radius of curvature of the push-lens (R p ), and the "over-push distance," defined as the distance by which the push-lens is translated past coverslip-coverslip contact. This predictive model enables experiment-specific optimization of important chamber parameters such as the size of the in-focus region and radius of curvature of the chamber geometry.
Throughout this section, default device parameters are taken to be: 30 μm thick adhesive, a 145 μm thick top coverslip (#1 coverslip), a 175 μm thick bottom coverslip (#1.5 coverslip), a 13.8 mm R p length push-lens (Thorlabs LA4966), and zero over-push distance.
A. Quantifying the in-focus region
In the simplest imaging scenario, the objective is translated in a single horizontal plane containing the contact point (e.g., without using an "auto-focus" mechanism). In the final CLIC imaging chamber, the bottom surface of the bottom coverslip surface curves away from the objective, by an amount equal to δ. Its top surface curves by the same amount, shown in Fig. 4(b) . Molecules appear in-focus when the separation between the plane containing the contact point and top confining surface, h + δ, is less than the focal depth, taken to be 1.5 μm. Figure 4(d) and Tables I and II delineate the size of this in-focus region. The size of this region increases when the tape thickness decreases, and is weakly affected by the radius of the push-lens and the over-push distance. For default device parameters, the in-focus region is characterized by a diameter of 1410 μm, and maximum chamber height of 1.49 μm. This region can be extended to 1420 μm, corresponding to a chamber height equal to the focal depth, by employing an auto-focus mechanism which actively adjusts the objective height (e.g., Nikon Perfect Focus); however, the flexure of the bottom coverslip is effectively negligible for typical operating parameters.
B. Quantifying the chamber curvature
The imaging chamber radius of curvature, R c , is defined by fitting the chamber height profile to h = r 2 /(2R c ), where h is the separation between the chamber walls and r is the radial distance from the contact point (Fig. 4(c) ). The chamber is approximately radially symmetric; the fractional azimuthal variation in R c is less than 1% . As demonstrated by Tables III and IV , R c increases significantly (corresponding to a gentler curvature) as a function of decreasing tape thickness and increasing over-push distance, respectively; and decreases slightly as a function of radius of curvature of the push-lens (R p ). The accessible range of radii of curvature (as large as 270 cm) greatly exceeds values accessible to lenscoverslip CLIC (e.g., a practical upper-limit for small-size commercial lenses is R = 46 cm for Thorlabs LA4600). The ability to create imaging chambers characterized by larger radii of curvature, and hence lower applied confinement gradients, is useful for a number of applications: spectroscopy of small molecules (e.g., new measurements of protein-folding as a function of applied confinement); resolving size distributions of small molecules; 1 and potentially using CLIC as a tunable lid for sealing coverslip-embedded cavities and trapping molecules.
C. Model geometry and mesh
The principal simulation components included a planoconvex push-lens (Thorlabs LA4966) and the two parallel coverslips described above. To reduce necessary computational complexity, some components of the flow cell were modeled implicitly by defining appropriate boundary conditions. The PDMS gasket, which holds the top coverslip in place, was modeled implicitly using a "spring-like" boundary condition. This foundation was given a spring constant per unit area corresponding to the Young's modulus of the PDMS (1.96 MPa) divided by its height (6 mm). The Young's modulus of PDMS is determined using the Shore durometer A found in the product information of Dow Corning, and the relation between these quantities as demonstrated by Gent. 19 Similarly, the coupling of the two coverslips separated by the 30 μm thick double-sided adhesive was modeled using a spring-like boundary condition. This adhesive is composed of a 5.08 μm layer of Polyethylene terephthalate (PET) covered in layers of an unknown acrylic adhesive. This adhesive was assumed to be closer to a viscous liquid than to a solid, and was estimated to have a Young's modulus of 70 kPa. 20 A circular fixed boundary condition on the bottom coverslip simulated the rigid central hole of the aluminum sample plate. Finally, for computational simplicity, the model did not involve the interaction of the sample fluid between the two coverslips (which is free to exit the outlet during compression). (r b , μm) , as a function of radius of curvature of the push-lens and over-push distance. Fits were performed within a central 300 μm radius disk and the region of direct coverslip-coverslip contact r b was excluded. The model-mesh shown in Fig. 4 (e) was constructed with the following spatial structure and precision. The pushlens was modeled by a tetrahedral mesh, which gradually increased in grid-precision towards the center. The average element edge-size was reduced from 0.83 mm to 0.02 mm near the contact point. The coverslips were modeled by a triangular surface mesh, which was swept through to the bottom in equally spaced layers. The mesh used in calculating the chamber height profile shown in Fig. 4 (c) included four layers on the top coverslip and five on the bottom coverslip. The size of the average triangle-edge decreased progressively from 164 μm to 1.06 μm within the four concentric circles shown in Fig. 4(e) , characterized by radii of 2.11 mm, 1.30 mm, 0.59 mm, and 0.21 mm. Using this model-mesh, chamber height calculations were demonstrated to converge, with stochastic variation of ±1 nm between simulations.
V. CHAMBER GEOMETRY MEASUREMENTS
The chamber height profile was measured by combining two approaches: interferometry and fluorescence imaging of a freely diffusing fluorophore. Figure 5 delineates representative interferometry and fluorescence images of chamber geometries achieved using flow cell and lens-coverslip CLIC. Each displayed image (∼700 μm wide) is a composite array of high-resolution images (∼50 μm wide) acquired using a raster scan of the XY microscope stage (PI M-545.2M) relative to the oil immersion objective (Nikon 60x TIRF, N.A.
1.49).
Fluorescence images of a freely diffusing dye (AlexaFluor 647, 50 nM), excited using 1 mW of red laser illumination (Coherent, OBIS 647, 120 mW), are shown in , where n = 1.33 is the refractive index of the solution and λ = 488 nm is the excitation wavelength. These rings serve as quantitative height contours for the above chamber-fit function, enabling the function's overall scale factor to be determined. A drop of immersion oil is applied between the push-lens and top coverslip to index-match these surfaces and ensure that the measured interference pattern corresponds to reflections from the confining chamber walls.
The radius of curvature characterizing the center of an imaging chamber was determined by a quadratic fit to the chamber-height function. The flow cell and lens-coverslip CLIC chambers are characterized by R c = 128 ± 2 mm, and R c = 45 ± 1 mm, respectively, which is shown in Figs. 5(e) and 5(f). These representative values are the average and standard deviation of R c determined using quadratic fits to three chamber cross sections (horizontal, diagonal, vertical). The chamber geometry is slightly asymmetric due to the positioning of the push-lens off-center on the flow cell. The measured R c = 128 ± 2 mm agrees well with the model-predicted R c of ∼110 nm, assuming an overpush of ∼150 nm. The dominant uncertainty in the model value is due to the Young's modulus of the tape, which is taken as 70 kPa but could reasonably vary between 40 kPa and 100 kPa, corresponding to ±20 mm variation of R c . The over-push is determined experimentally by monitoring both the analogue setting of the piezo and the interferometry image. As the push-lens is lowered and the chamber is formed, the center of the interference pattern is imaged continuously, alternating between light and dark. When coverslip-coverslip contact is achieved, the chamber center becomes dark and unresponsive to further compression. The over-push corresponds to the displacement of the piezo past this contact point.
Since flow cell chamber walls are not stiff, the chamber geometry relaxes after it is formed. After ∼30 min, the chamber geometry is stable upon repeated measurement, presumably due to stable compression of the adhesive. To ensure a stable geometry during an experiment, the first approach to coverslip-coverslip contact is performed; the system is allowed to relax; and then the approach to contact is repeated a few times to confirm it is stable. Finally, an over-push of ∼150 nm is typically applied to ensure stable contact over a many-hour period. Replacing the adhesive with a stiffer polymer such as PDMS will reduce this observed relaxation and is under development in our laboratory.
VI. SERIAL INSERTION AND EXTENDED IMAGING OF FREELY DIFFUSING MOLECULES
To demonstrate the imaging capabilities of the CLIC microscopy platform, we have imaged the diffusion and conformations of single DNA molecules under qualitatively different regimes of applied confinement. Figures 6 and 7 demonstrate the extended molecule-tracking and background rejection provided by CLIC imaging. Figures 6(a) and 6(d) show a time-series of fluorescence images of freely diffusing linearized pBR322 plasmids, stained with YOYO-1 fluorescent dye. The average chamber height in Fig. 6(a) is 0.51 μm which is larger than the DNA radius of gyration, R g = (πl p w/4) 0.2 R 0.6 max = 251 ± 125 nm. 21, 22 We have assumed a persistence length l p ∼ 51 ± 3 nm, a contour length R max ∼ 1.71 ± 0.06 μm, a polymer width w ∼ 5 nm, and a YOYO-1 staining ratio of 10:1. 23 By contrast, molecules shown in and 6(f)) of these DNA molecules show the effect of the imposed confinement in slowing the DNA diffusion. Relating the above radius of gyration to the hydrodynamic radius using R h /R g,rms = 0.64, 24 and applying the Stokes-Einstein relation, D = k B T/6πηR h , predicts a bulk diffusion coefficient of D bulk = 1.47 ± 0.73 μm 2 s −1 (where an uncertainty in R g of 125 nm is used, primarily due to the uncertainty in the persistence length). This value is slightly higher than the observed mean diffusion coefficient for particles in chamber heights between 400 and 500 nm, shown in Fig. 6(c) , of 1.15 ± 0.08 μm 2 s −1 (where the uncertainty corresponds to the 95% confidence interval of the mean diffusion coefficient calculated using 10 4 bootstrap re-samples). The calculated and observed values are within experimental error; their difference may owe to the influence of the chamber walls or to possible stiffening of the DNA from the stain.
A. Results
Confining the DNA molecules to a slit smaller than the radius of gyration decreases their diffusivity. We measure a weighted mean D for particles in a slit height between 100 and 150 nm (with a weighted-mean of 129 nm) of 0.76 ± 0.08 μm 2 s −1 . DNA confined to a slit wider than the persistence length is predicted by de Gennes' blob theory to follow the scaling law, D/D bulk = α(H/R g ) 2/3 , where H is the slit height and α is a prefactor. 21, 25, 26 This theory, however, predicts a faster reduction in diffusivity as a function of decreasing slit height than is observed in a number of experiments [27] [28] [29] [30] including our own; e.g., using a prefactor of 0.63, estimated from Hsieh and Doyle, 31 predicts D = 0.60 μm 2 s −1 at a height of 129 nm. Establishing a quantitative understanding of this scaling law, e.g., by testing recent modifications to blob theory by Dai et al., 32, 33 is a subject of ongoing experiments in our laboratory, for which the CLIC microscopy platform is well suited. The CLIC chamber's gradual confinement profile (which can vary by tens of nanometers in height over hundreds of micrometers) allows for direct microscopy of DNA diffusion and conformational dynamics as a function of a continuum of applied confinement, from the nanometer to micrometer scale.
Imaging DNA molecules in a thin chamber dramatically reduces background fluorescence, allowing individual molecules to be resolved under conditions inaccessible to other techniques. The contrast between Figs. 7(b) and 7(c) exemplifies this improvement: while molecules in a 2.4 nM solution of λ-phage DNA (R g ∼ 1 μm) can be resolved in a chamber height h ∼ 0.5 μm, they appear out of focus in a chamber whose height exceeds focal depth, as they would in epifluorescence imaging. Of further note, these molecules' bulk diameter exceeds the TIRF detection depth (∼100 -300 nm).
The graduated chamber height enables molecular configurations to be visualized as a function of confinement. The imposed vertical confinement in Fig. 7(b) is on a scale smaller than the bulk molecular diameter. In order to fit into a thin slit, the bundled polymers must unravel, and thus appear extended in the imaging plane. By contrast, the imaged molecules appear as projections of spheres in Fig. 7(a) , where the chamber height is on the same scale as the bulk diameter.
B. Methods

Experimental buffer
Buffers in the experiments on fluorescently stained pBR322 DNA shown in Fig. 6 contained 1× TE, 150 mM NaCl, 100 mM dithiothreitol, 0.1% polyvinylpyrrolidine (55 kDa average molecular weight), 1.1 nM AlexaFluor 647, 16.7 mM protocatechuic acid, and 66.7 nM protocatechuate 3,4-dioxygenase, at pH 8.0. The pBR322 plasmid was linearized by a restriction digest with NdeI. Buffer for the experiments shown in Fig. 7 with lambda DNA contained 1× TE, 150 mM NaCl, 2% beta-mercaptoethanol, 0.1% polyvinylpyrrolidine (55 kDa average molecular weight), 23 nM AlexaFluor 647, 10 mM protocatechuic acid, and 50 nM protocatechuate 3,4-dioxygenase, at pH 8.0. Both pBR322 and lambda DNA were stained at a 1:10 ratio of YOYO-1 dye per base pair.
Imaging parameters
DNA molecules were excited with a 488 nm optically pumped semiconductor laser (Coherent) with fluorescence emission collected by a 60× Apo-TIRF objective (Nikon) on a Nikon Ti-E microscope with a 1.5× intermediate lens, except for the pBR322 DNA at 10 nM, which used a 100× Apo-TIRF objective and the 1.5× intermediate lens. Imaging used a cooled electron multiplying (EM)-CCD camera (Andor iXon 897) acquiring frames at 16.7 Hz (33.3 Hz for Figs. 6(a) and 6(d)) with an electron multiplying (EM) gain of 300. Acquisition was performed in MetaMorph (Molecular Devices) driven by custom scripts in Visual Basic.
Trajectory analysis
Molecules were identified and tracked as described in Tafvizi et al. 34 Only trajectories longer than 1 s are included in the analyses illustrated in Fig. 6 . Molecules which had adhered to the surface of the chamber were excluded from the analysis by a two-step process. The images were first analyzed to determine the positions of immobile particles, identified using the per-pixel time-median intensity, taken over all frames. Constant values of high intensity corresponded to surface-immobilized particles and a threshold was assigned to distinguish immobile molecules from freely diffusing molecules. Transiently as well as permanently surface-adhered molecules were removed from the analysis. After molecules were tracked, trajectories were plotted directly on the movies, as a check to verify the efficacy of the median mask in removing stuck particles. Particles visually identified as surface-immobilized, but not removed by the automated procedure, were manually excluded from the trajectories used to build the histograms in Fig. 6 and to determine mean diffusion coefficients. Diffusion coefficients were calculated using the maximum likelihood estimator (MLE) of a particle's diffusion coefficient given its trajectory, as described in Ref. 35 . Mean diffusion coefficients for a set of particles were weighted by the particles' lifetimes.
VII. CONCLUSIONS AND OUTLOOK
The presented microscopy device is a powerful addition to standard inverted microscopes and to previously demonstrated CLIC technology. The introduction of the piezo-driven push-lens and microfluidics sample-insertion system enables exquisite control over the chamber geometry, high-throughput measurements, and repeatable imaging conditions. This work contributes a quantitative understanding and experimental characterization of a versatile range of chamber geometries. It presents a robust approach to imaging single fluorescent molecules at high reagent concentrations and tracking freely diffusing molecules for extended periods, with a wide range of applications.
We foresee this microscopy platform to enable new experiments not only in biophysics, but also in materials research, nanotechnology, and chemistry. In soft-materials research, for example, it can be used to characterize microscopic mechanisms underlying the emergent phenomenon of active matter. The study of active mater requires extended insolution measurements, 36 and due to depletion effects, singlemolecule measurements of the protein-polymer and polymerpolymer interactions driving the dynamic behaviour of these materials must be performed away from surfaces. Such measurements are critical to informing the growing theoretical understanding of this out-of-equilibrium system, which is not yet well understood.
An important aspect of nanotechnology and nanoengineering, a cornerstone of modern chemistry and materials science, is the ability to tune interactions between molecular building blocks to guide the self-assembly of new materials, 37 such as the plasmonic nanocrystal arrays which are designed for integration within optical device platforms. The crystals typically self assemble within thin-film polymer matrices in a process guided by the choice of the nano crystal size, shape, surface chemistry, and properties of the surrounding polymer matrix. 38 The CLIC device would provide a microscopy platform suitable for visualizing these dynamics under tunable applied confinement and would simplify the preparation and study of these thin films by constraining crystals to a single layer. This device would introduce a new level of experimental control over the free energy profile governing the crystal formation and a convenient imaging chamber for performing high-quality fluorescence spectroscopy.
